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     Farmers in the tropics and subtropics face a wide 
range of biotic and abiotic constraints including 
weeds, insect pests, and poor soil fertility. With a year-
round growing season, the potential for economic gain 
is limited by consistent pressure from insect pests and 
weeds.  Economic losses due to weeds are exception-
ally high, especially for organic growers (Soti and 
Racelis 2020). Weeds not only compete with crops for 
resources such as nutrients, water, and sunlight, they 
can also provide shelter for pathogens and pests 
(Norris and Kogan 2005), which cause a significant 
reduction in crop growth and yield. While non-crop 
plants and arthropods can potentially provide some 
agroecological benefits to farms in some instances 
(Mkenda et al. 2019), facilitative interactions between 
the non-crop plants and pests complicates the manage-
ment of these pests (Norris and Kogan 2005). 
     Weeds are known to host several species of plant 
parasitic nematodes (Wrather 1992; Gazaway and 
McLean 2003; Myers et al. 2004; Thomas et al. 2005; 
Quénéhervé et al. 2006; Frankenberg et al. 2007). 
Quénéhervéet al. (2006) reported more than a dozen 
different weed species as host to Pratylenchus spp., 
Helicotylenchus spp., and Meloidogyne spp., which 
cause significant damage in a wide variety of crops.  
Weeds not only serve as hosts to nematodes, but they 
are also known to interfere with nematode manage-
ment by providing protection from pesticides and ad-
verse environmental conditions (Thomas et al. 2004, 
2005). The global crop loss associated to plant parasit-
ic nematodes (PPNs) are estimated at $80 billion annu-
ally, with 14% of that on the most economically im-
portant crops such as fruits, vegetables, and nonedible 
field crops (Nicol et al. 2011). Many PPN species 
cause direct damage as ectoparasites, endoparasites 
and semi-endoparasite by feeding externally on the 
root cortex, internally on stele region of the root and 
inside roots by penetrating half of their anterior por-
tion of body into roots (Jenkins 1964).  Major below-
ground symptoms caused by PPNs include root galling 
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ABSTRACT 
 
     With a nearly year-round growing season, tropical and subtropical regions are plagued with a myriad of agro-
nomic challenges, including near-continuous weeds and invertebrate pests including plant-parasitic nematodes 
(PPNs). A poor understanding of the presence and geographical distributions of these pests complicate their man-
agement, especially in organic farming systems. This work attempts to document the interaction of PPNs with the 
major weeds in the semi-arid region of south Texas. Five organically managed farms were surveyed for four weeds 
of regional agronomic importance including silverleaf nightshade (Solanum elaeagnifolium), common sunflower 
(Helianthus annuus), false ragweed (Parthenium hysterophorus), and London rocket (Sisymbrium irio). Soil and 
root samples were collected to determine the presence of economically important PPNs in the roots and rhizo-
sphere of the selected weed species. Eight different nematode genera associated with the selected weed species, 
includingPratylenchus spp., Trichodorus spp., Criconemella spp., Helicotylenchus spp., Xiphinema spp., Dorylai-
mus spp., Aphelencoides spp., and Tylenchus spp. were recorded. Four of the major economically important nema-
tode genera (Pratylenchus spp, Trichodorus spp., Criconemella spp., X iphinema spp.) were found in the rhizo-
sphere of all four weeds. The two major PPN genera Helicotylenchus spp. and Pratylenchusspp., were largely asso-
ciated with common sunflower, a major weed in the region. Our results indicate that these weed species can pre-
sent additional challenges in agriculture, not only as direct competitors for resources to agronomic crops, but also 
as potential hosts for PPNs. 
 
Additional index words: plant parasitic nematodes, organic farming, subtropics, weedy plants 
_____________________________________________ 
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(root-knots), root-lesions, and stubby-roots caused by 
Meloidogyne spp., Pratylenchus spp. and Paratricho-
dorus spp. nematodes, respectively. Above-ground 
symptoms include poor plant growth, yellowing, stunt-
ing, higher mortality, premature decline, and severely 
reduced yields (Dropkin 1989). In addition, injuries 
caused by PPNs including Heterodera spp. Meloido-
gyne spp., Rotylenchulus spp.,andPratylenchus spp. 
on the roots allow the infection of many soilborne 
pathogens such as Fusarium, Verticillium, Pythium, 
Phytophthora, and Rhizoctonia which cause disease 
complexes in crops (Inserra and Lehman 1994; Robi-
son et al. 1997). PPN species such as Xiphinemaspp. 
and Paratrichodorus spp. are also known to serve as 
vectors of plant viruses (McGuire 1964; Brown 1989).  
     Weedy fallow, weeds growing along the farm edg-
es, and resistant weeds within fields could provide a 
refuge for PPNs. Thus, understanding the interaction 
among pests is necessary to develop successful man-
agement strategies, especially for growers limited to 
non-chemical options. However, this association is 
poorly studied particularly in subtropical areas where 
the climatic conditions support a year-round growth of 
weeds and soil conditions are favorable for PPN 
growth (Sikora 2018). The goal of this study was to 
survey the potential of the four major weeds of tropi-
cal and warm temperate regions to host PPNs, includ-
ing silverleaf nightshade (Solanum elaeagnifolium), 
common sunflower (Helianthus annuus L.), false rag-
weed (Parthenium hysterophorus), and London rocket 
Table 1. Descr iption of cultural practices and farm 
histories of five sampling sites/certified organic farms. 
Sites Cultural practices and farm histories 
1 
Seven years of continued multiple cropping 
(mixed species including vegetables and 
cover crops) 
2 
Vegetable field growing primarily brassicas 
and onions (rotation).  No cover crops. 
3 
Vegetable field growing primarily brassicas 
and onions (rotation).  No cover crops. 
4 
Vegetable field growing primarily brassicas 
and onions (rotation).  No cover crops. 
5 
Multiple cropping for less than 2 years.  
Previously brushland, recently converted for 
Ag production. 
Fig. 1. Soil texture map of Hidalgo County, TX (Soil Survey Staff, 2019) marked with major  city limits 
(for reference) and study site locations.  (Texas state map inset). 
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(Sisymbrium irio L.). We collected rhizosphere soil 
and root samples of these weed species from five dif-
ferent farms and analyzed them for PPNs. These find-
ings are discussed in the context of integrated weed 
and pest management strategies.  
 
MATERIALS AND METHODS  
 
Study site. The Lower  Rio Grande Valley (LRGV) 
a four-county region in south Texas is characterized by 
a mild, subtropical climate which allows for year-
round growing conditions for both agronomic crops 
and native and exotic weed species (Soti et al. 2020). 
Hidalgo county, at the center of the LRGV, has 9 certi-
fied organic farms within its borders, making it the 
county with highest number of certified organic grow-
ers in the state of Texas (Morris and Maggiani 2016). 
We conducted a field survey of PPNs in five certified 
organic agricultural fields across the county (Fig.1) 
during December 2018 through January 2019, the peak 
winter vegetable growing season in this region. Rele-
vant data on various cultural practices and previous 
crop histories for each of these five sites are provided 
in Table 1. 
Collection of samples. At each site 5 sampling loca-
tions with dense growth of each weed species were 
selected. About 25g of fresh root samples were col-
lected from each location and mixed to make a compo-
site root sample of each weed species. Similarly, com-
posite rhizosphere soil samples and weed roots were 
collected from the selected five certified organic vege-
table fields. Each composite sample consisted of 10-
15soil cores collected directly from the rhizosphere of 
the weeds found in the field.  
Cores were collected using a 1.27cm x 101.6cm step 
soil recovery probe (AMS; American Falls, ID). A 
total of 5 composite samples (one for each weed spe-
cies) were collected from each of the 5 organic fields 
(a total of 25 samples). Root and soil samples were 
placed in a plastic bag and transported in a cooler to 
the lab, where soil samples were passed through a 
2mm sieve to get rid of plant debris. Roots and soil 
samples were stored in a refrigerator at 4°C for 2-4 
days, until nematode extraction was carried out. Re-
maining samples were analyzed for soil moisture, pH, 
organic matter, and texture. Soil pH was measured 
using an Oakton ion 700 bench meter (OAKTON In-
struments, Vernon Hills, IL) in a soil: distilled water 
(1:2) mixture, organic matter was determined by loss 
on ignition method, and soil moisture was measured 
following the gravimetric method. 
Nematode extraction and identification. Roots of 
the selected 4 weeds and rhizosphere soil samples 
were analyzed for the presence of PPNs. The nema-
todes were extracted from the 100 cm3 soil sub-sample 
taken from each composite sample as described by 
Jenkins (1964). Five gram of root samples were incu-
bated in water (23°C) for two days to extract endo-
parasitic migratory nematodes following the method 
by Young (1954). PPNs from each sample were identi-
fied morphologically to their genus level based on the 
morphological features following Mai’s pictorial key 
to genera (Mai 2018) and Eisenback’s identification 
guide (Eisencack2002) and counted using an inverted 
microscope (Leica DMi1, Buffalo Grove, IL). Abun-
dance of each nematode genus and its association with 




RESULTS AND DISCUSSION 
 
      Soil characteristic was different among the differ-
ent sampling sites. Soil moisture ranged from 10% to 
21%, organic matter 3.15% to 4.96%. Soil pH was 
slightly alkaline (7.86- 8.23) in all sites. Soil texture 
ranged from sandy loam to silty clay (Table 2). 
     A total of 1376 plant parasitic nematodes were 
counted across all samples. We found 8 different 
PPNs, of which,6were of agronomic importance. Ring 
(Criconemella spp.), lesion (Pratylenchusspp.), stubby
-root (Trichodorus spp.), spiral (Helicotylenchus spp.), 
dagger (Xiphenema spp.), and foliar 
(Aphelencoides spp.) nematodes were associated with 
the selected weeds (Table 3). We recorded a high 
number of lesion (Pratylenchusspp.) and spiral 
(Helicotylenchus spp.) in all the weed species,  sug-
gesting that these weeds may be highly susceptible 
hosts of these two species of nematodes. Tricho-
dorusspp., Xiphenema spp., Criconemella spp, and 
Phelencoides spp. were found in relatively smaller 
numbers. Foliar nematodes, Tylenchusspp. and Aphe-
lenchoides spp. (fungivores), capable of causing seri-
ous damage to . foliage of many crops and ornamental 
plants (Jagdale and Grewal 2002; Sánchez Monge et 
al. 2015), were also found in small numbers in the soil 
but more research is needed to confirm their patho-
genicity to these weed species.   
   All eight PPN genera were found in the rhizosphere  
Table 2. Physical and chemical proper ties, and mois-













1 11 3.37 7.86 
Sandy 
Loam 




3 18 2.94 8.23 
Silt 
Loam 
4 21 4.96 8.17 
Silty 
Clay 




Subtropical Agriculture and Environments 72:1-6.2021 
associated with Helianthus annus, a major weed in the 
region (Soti et al. 2020). The rhizosphere of S. elaeag-
nifolium and S. irio had seven PPN genera while P. 
hysterophorus had the lowest, six PPN genera.  Our 
results are consistent with previous studies that report-
ed H. annus (Bolton et al. 1989; Singh et al. 2009) and 
S. elaeagnifolium (Wapshere 1988; Anwar et al. 2009) 
to be hosts of PPNs. We recovered a very few num-
bers of PPNs from the roots of the selected weeds 
(Table 4).  
P. hysterophorus had the highest numbers (16), fol-
lowed by S. elaeagnifolium (3) and S. Irio (1). In addi-
tion, only four PPN types were found in the roots of 
the weed species, with Helicotylenchus spp. being the 
most dominant one. Root knot nematode 
(Meloidogyne incognita) reported to cause a substan-
tial damage to oil seed sunflower (Mukhtar 2009; 
Tzortzakakis et al. 2014) were not found in our study.  
     The nematode species recorded in this study are 
different from the species previously reported for this 
region.  In their survey of cotton, citrus, and fallow 
fields in the LRGV, Robinson et al. (1987) recorded 
the presence of only three PPNs 
 (Rotylenchulusreniformis, Meloidogyne incognita, 
and Tylenchus. semipenetrans). However, in our sur-
vey of organic vegetable farms we did not record any 
of the previously recorded species, reflecting how 
farm management and the crop selection can influence 
the diversity of PPNs that may exist in the area.  
     The weed species used in this study are considered 
of major economic value which infest vegetable, 
grains, and cotton, the major crops grown in this re-
gion and to other subtropical areas around the world 
(Soti et al. 2020). Our results indicate that these weeds 
can potentially serve to facilitate a persistent, year-
round population of PPNs. For example, LRGV is a 
national leader in grain sorghum production, and H. 
annuus--a major weed in sorghum--harbored a rela-
tively high number of Pratylenchus scribneri, also a 
major pest of sorghum (Motalaote et al. 1987; Blan-
card 2012). Weed management is costly, particularly 
for organic growers.  
Organic farms in general are reported to have higher 
weed density and diversity (Roschewitz et al. 2005; 
Henckel et al. 2015) compared to conventional farms. 
Our results support previous studies that weeds, if un-
managed, can shelter nematodes in the field margins 
during the cropping season and in the field during fal-
low period (Thomas et al. 2005; Kutywayo and Been 
2006). Furthermore, many farmers adopt an economic 
threshold principle in making weed control decision 
where weed control is only done after the population 
reaches a certain threshold. While our samples were 
collected during the fallow period, our results indicate 
that weeds can cause a significant impact on the crops 
not only by competing for resources such as light, nu-
trients, and water but also by harboring plant parasitic 
nematodes. Thus, management plans, especially in 
organic farms should consider not only the direct ben-
efit of weed eradication, but also consider the implica-
tion of weeds management on other pest populations 
and manage them simultaneously.  
 
 
Table 4. Descr iptive table of each nematode genus found in roots in relation to weed species and percent 









*Economically important genera (Jones 2013) 
 
Nematodes 
                                                      Weed species 
H. annuus S. elaeagnifolium S. irio P. hysterophorus 
Pratylenchus spp.* - - 2 (67%) 1 (33%) 
Helicotylenchus spp.* - 3 (17%) 1 (6%) 14 (78%) 
Xiphinema spp.* - 1 (33%) 1 (33%) 1 (33%) 
Tylenchus spp. 1 (100%) - - - 
Table 3. Total number  of nematodes extracted from 100 cm3 soil and their  relative abundance (in paren-
theses) of plant-parasitic nematodes on 4 weed species from 5 sites. 
 
Nematode genus 
Weed species and mean number of nematodes 
H. annuus S. elaeagnifolium S. irio P. hysterophorus 
Pratylenchus spp.* 258 (78%) 35 (10%)  40 (12%)  16 (5%)  
Trichodorus spp.* 13 (57%)  3 (13)  4(17%)  3 (13%)  
Criconemella spp.* 1(50%)  1(50) - - 
Helicotylenchus spp.* 351 (43%)  232 (29%)  90 (11%)  120 (17%)  
Xiphenema spp.* 1 (9%)  4 (36%)  3 (36%)  1(18%)  
Dorylaimus spp. 4 (50)  - 3 (38%)  1 (13%)  
Aphelencoides spp.* 2 (22%)  4 (44%)  3 (33%)  - 
Tylenchus spp. 7 (27%)  13 (43%)  5 (17%)  4 (13%)  
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